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ABSTRACT: Tunability of polymer surface properties
depends crucially on both the chemical composition of the
polymer and the physics of the chains (e.g., surface
segregation, chain shape, etc.). Polypeptoids, which are non-
natural biomimetic polymers based on an N-substituted
glycine backbone, provide a flexible model system in which
monomer sequence, chain shape, and self-assembled structure
can easily be controlled to understand their influence on
surface properties. We demonstrate the influence of the
amount and sequence of hydrophobic monomers in a
predominantly hydrophilic peptoid chain on the surface
properties of a hybrid block copolymer, poly(peptoid-b-styrene). Just three fluorinated groups in peptoid sequences consisting
of up to 45 hydrophilic monomers in length were needed to lower the surface energy of the peptoid and allow for its maximal
surface segregation. Positioning these fluorinated groups in the middle of a chain as opposed to the chain ends resulted in a
change in chain conformation at the surface as evidenced by near-edge X-ray absorption fine structure spectroscopy (NEXAFS).
Surface reconstruction of polymers containing only three fluorinated monomers occurred within seconds but could be slowed by
an order of magnitude when five fluorinated monomers were incorporated.

■ INTRODUCTION

For many biological applications, specifically antifouling
applications, it is necessary to incorporate multiple function-
alities on a single surface. In order to provide a polymeric
material with all of these functionalities, multicomponent
systems, such as polymer blends, block copolymers, and chain-
end-functionalized polymers, are often employed. However, the
use of multiple functionalities can make the behavior of such a
material on the nanometer scale difficult to predict.1 In order to
visualize this, one can simply think of the complexity of the
phase diagram of an ABC triblock copolymer compared to that
of an AB diblock copolymer.2,3 The behavior at a surface can be
especially unpredictable, as it involves additional parameters
that are not involved with the bulk properties of a material. In
particular, surface segregation of the component with the
lowest surface free energy can greatly alter the composition and
chain conformation at the surface from that in the bulk. The
surface behavior becomes even more complex when the
polymers are able to reconstruct; a phenomenon that can
occur when the processing environment does not correspond
to the environment in which the material will be used, as is the
case for marine antifouling coatings.
The ban on heavy-metal-containing antifouling coatings has

accelerated the need for environmentally friendly alternatives,
and many different chemistries have already proven to be
effective. Hydrophilic coatings, such as poly(ethylene glycol)
and zwitterionic species, have shown good antifouling
behavior.4,5 Hydrophobic coatings tend to work as fouling

release coatings in which foulants can easily be removed from a
surface by shear forces. Recently, amphiphilic materials with
inherently more complex chemistries have proven to be quite
successful as antifouling coatings, although the exact antifouling
mechanism is not always clear.4−10 In most cases, reconstruc-
tion of hydrophobic moieties away from the interface has been
observed. Although the extent of reconstruction is difficult to
predict or quantify, it is likely to have an effect on the
antifouling properties. A more thorough knowledge of the
surface segregation behavior and in particular of the necessary
requirements to promote or prevent surface reconstruction will
aid the development of future amphiphilic antifouling coatings
as well as other materials in which tunable surface properties
are important.
Sequence-specific polymers are of particular interest for

antifouling applications because they allow for the precise
control of functional group location relative to a surface and
can incorporate multiple functionalities in a modular way.
Traditionally, sequence-specific polymers have been available
only in quantities insufficient for materials applications due to
the challenges and expense inherent to their syntheses.
Peptoids are a class of non-natural biomimetic oligomers
based on an N-substituted glycine backbone that combine
many of the advantageous properties of bulk polymers with
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those of proteins. Zuckermann and co-workers developed a
submonomer synthetic route in which each reaction step occurs
at a very high yield such that long, modular, sequence-specific
polymers are possible in gram scale batches (Figure 1).11

Additionally, primary amines are used as submonomers,
allowing for the potential inclusion of a broad range of
functionalities beyond biomimetics. The majority of early
peptoid research focused on peptoids as therapeutic
agents.12−16 Recent research has indicated peptoids to be
highly suitable from a materials science perspective as well.17−21

For example, unlike other biopolymers, polypeptoids exhibit
enhanced thermal and solution processability due to reduced
intermolecular hydrogen bonding and may be thought of as
hybrids between conventional polymers and biopoly-
mers.17,22,23

In this work, peptoids containing both hydrophilic
methoxyethyl side chains and fluorinated aliphatic side chains
were used to tune the surface properties of block copolymers of
polystyrene and polypeptoids. The polystyrene block acts as a
hydrophobic structure-stabilizing agent, whereas the peptoid
tunes the surface properties. By controlling the amount and the
position of fluorinated peptoid groups and the total peptoid
length, the surface display and its reorganization upon
immersion in water were investigated. Three fluorinated groups
at the end of a peptoid chain up to 45 monomers in length
allowed for maximal peptoid surface display, whereby the
fluorinated chain ends occupy the free surface. Fluorinated
groups in the middle of a chain resulted in loop display at the
free surface. Upon immersion in water, reconstruction of
surfaces with three fluorinated groups occurred within seconds
but could be slowed by an order of magnitude by increasing the
number of such groups to five.

■ EXPERIMENTAL SECTION
Synthesis of Azide End-Functionalized Polystyrene. Nitro-

xide-mediated radical polymerization was used to synthesize
polystyrene with a chloride end group. The alkoxyamine initiator, N-
tert-butyl-O-[1-(4-chloromethylphenyl)ethyl]-N-(2-methyl-1-
phenylpropyl)hydroxylamine (Cl-BzEt-TIPNO), was synthesized
following a previously published procedure.24 Styrene monomer
(Sigma-Aldrich, >99%) was filtered over basic alumina to remove the
inhibitor. Depending on the desired molecular weight, calculated
amounts of the filtered styrene and the Cl-BzEt-TIPNO initiator were
added to the reaction flask and degassed by three freeze−pump−thaw
cycles. The reaction mixture was heated in an oil bath at 115 °C
overnight. The reaction mixture was then precipitated in methanol to
give a white powder. The chloride end-functionalized polystyrene
(0.15 mmol) was dissolved in DMF (100 mL), and 25 mol equiv of
sodium azide was added. The reaction mixture was stirred overnight at
60 °C, and afterward, the polymer was precipitated in methanol to
yield a white powder.

Polystyrene Characterization. Polystyrene (PS) molecular
weights were determined using nuclear magnetic resonance (NMR)
spectroscopy, recorded on a Bruker Biospin Avance II 500 MHz high
performance NMR spectrometer. Chloroform was used as a solvent.

Peptoid Synthesis. Polypeptoids were synthesized on a custom
robotic synthesizer or a commercial Aapptec Apex 396 robotic
synthesizer on 100 mg of Rink amide polystyrene resin (0.6 mmol/g,
Novabiochem, San Diego, CA). All primary amine monomers,
solvents, and reagents described here were purchased from commercial
sources and used without further purification. The synthesis procedure
was a modified version of methods previously described.25 The Fmoc
group on the resin was deprotected by adding 2 mL of 20% (v/v)
piperidine/N,N-dimethylformamide (DMF), agitating for 20 min,
draining, and washing with DMF. All DMF washes consisted of the
addition of 2 mL of DMF, followed by agitation for 1 min (repeated
five times). An acylation reaction was then performed on the amino
resin by the addition of 1.0 mL of 1.2 M bromoacetic acid in DMF,
followed by 0.18 mL of N,N-diisopropylcarbodiimide (DIC, 1.15
mmol, neat). The mixture was agitated for 20 min at room
temperature, drained, and washed with DMF. Nucleophilic displace-
ment of the bromide with various primary amines (see Table 1)
occurred by a 1.0 mL addition of the primary amine monomer as a
1.25−1.5 M solution in N-methyl-2-pyrrolidone (NMP), followed by
agitation for 60−120 min (depending on peptoid length and type of
monomer) at room temperature. The monomer solution was drained
from the resin, and the resin was washed with DMF as described
above. The acylation and displacement steps were repeated until a
polypeptoid of the desired length was synthesized. All reactions were
performed at room temperature. All polypeptoids were acetylated on
the resin after synthesis. When the last monomer was N-(2-
methoxyethyl)glycine, acetylation was performed using a mixture
(2.0 mL per 100 mg of resin) of 0.4 M acetic anhydride and 0.4 M
pyridine in DMF for 30 min, followed by washing with DMF. When
the last monomer was heptafluorobutylglycine, acetylation was
performed using 1 M acetic anhydride in DMF at 60 °C for 4 h.

Figure 1. Submonomer solid-state peptoid synthesis scheme. In the
first step, the amine functionality on the bead of resin is
bromoacetylated, after which the bromine can be displaced with a
wide variety of primary amines in the second step. These two steps
complete the addition of one monomer to the peptoid chain. This
procedure can be repeated to yield a sequence-specific polypeptoid.
Because the efficiency of each reaction step is typically >99%,
polymeric lengths are achievable.

Figure 2. Simplified reaction scheme and corresponding schematic structures for polymers synthesized in this study. A ∼ 110; y + z = 15, 30, 45;
sequence and ratio y:z in B are varied according to Table 3.
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Peptoid chains were cleaved from the resin by addition of 3.0 mL of
cleavage cocktail of 95% (v/v) TFA in water for 20 min, which was
then evaporated off under a stream of nitrogen gas. Following cleavage,
peptoids were dissolved in 4.0 mL of appropriate acetonitrile/water
mixtures and lyophilized twice to obtain a fluffy white powder.
All peptoids (Table 2) were purified by reverse-phase prep HPLC

on a Varian ProStar system equipped with a UV−vis single wavelength

detector (214 nm) and a C4 column (Vydac HPLC Protein C4
column, 10−15 μm, 22 × 250 mm). Appropriate linear gradients with
a 60% increase of solvent B in solvent A over 40 min at a flow rate of
10 mL/min (solvent A = 0.1% TFA in water, solvent B = 0.1% TFA in
acetonitrile) were used.
Peptoid Characterization. The purity of each polypeptoid was

determined by analytical reverse-phase HPLC using a C4 column
(Vydac 218MS, 5 μm, 2.1 × 50 mm) on a Varian ProStar system (Palo
Alto, CA). The column was maintained at 60 °C while a 30 min linear
gradient of 5−95% solvent B in solvent A was used (solvent A = 0.1%
TFA in water, solvent B = 0.1% TFA in acetonitrile).
The molecular weight was determined using an Applied Biosystems

MALDI TOF/TOF Analyzer 4800 with a 1:1 (v/v) mixture of peptoid
(2 mg/mL in 1:1 acetonitrile/water) and 1,8,9-dianthracenetriol (10
mg/mL in tetrahydrofuran).
Block Copolymer Synthesis. The block copolymers (Table 3)

were synthesized by click chemistry, using a method previously
employed by Rosales et al.,26 which is a modification of the procedure
described by Holub et al.27 The azide end-functionalized polystyrene
(1.8 mM) was allowed to react with 2 equiv of the alkyne-
functionalized polypeptoid (3.7 mM), 5 equiv of Cu(I)I (9.5 mM),
6 equiv of ascorbic acid (10.8 mM), and 10 equiv of DIPEA (18 mM)
in DMF in a 20 mL scintillation vial. The vial was purged with

nitrogen, capped, and sealed with Parafilm. To ensure that the
reactants were dissolved, the vial was placed into a bath sonicator
(Fisher Scientific, Solid State Ultrasonic FS-9) for 10 min. It was then
shaken at room temperature overnight. Upon completion of the
reaction, 15- and 30-mer peptoid block copolymers were precipitated
in a 10:90 acetonitrile/water mixture. The 45-mer peptoid block
copolymers did not precipitate readily. These reaction mixtures were
concentrated in a Genevac evaporator, redissolved in a small amount
of THF, and added to a 20:80 acetonitrile/water mixture. These
mixtures were concentrated using Amicon Ultra centrifugal filter units
(10 000 cutoff Mw, Millipore) and resuspended in 20:80 acetonitrile/
water. This procedure was repeated twice. All concentrated block
copolymer solutions were lyophilized from 50:50 acetonitrile/water
mixtures. Residual copper ions were removed by stirring a THF
solution of the block copolymers in a 10-fold excess of Dowex ion-
exchange resin (Aldrich) overnight. Yields were typically in the 70−
90% range.

Block Copolymer Characterization. In order to determine
molecular weights and polydispersities, gel permeation chromatog-
raphy (GPC) was performed on a Viscotek TDA 302 SEC with a set
of four Styrogel HR columns (one HR2, two HR3, and one HR4
column). Refractive index was used for molecular weight determi-
nation with the use of polystyrene calibration standards (Polymer
Laboratories). Using a flow rate of 1 mL/min, the mobile phase was
THF at 30 °C (see Figure 3 for typical GPC traces).

Differential scanning calorimetry (DSC) was carried out using a
Thermal Advantage Q20 calorimeter equipped with a refrigerated
cooling system (both TA Instruments, New Castle, DE). 2−8 mg of
lyophilized peptoid powder or block copolymer powder was
hermetically sealed into an aluminum pan, and each sample was
taken through three temperature cycles whereby samples were
equilibrated at −40 °C, heated to 150 °C (180 °C for PR-EG8-NF7)
with a rate of 10 °C/min, and cooled again to −40 °C with the same
rate. The first cycle from each sample was discarded in order to erase
the thermal history.

Thin Film Preparation and Characterization. Films with a
thickness of ∼60 nm were spin-coated at 2000 rpm from 1% (w/v)
block copolymer solutions in methyl ethyl ketone (MEK) onto
plasma-cleaned silicon wafers. All films were vacuum-annealed for at
least 16 h at 130 °C (175 °C for PS11K-b-(EG8-NF7)).

Near-edge X-ray absorption fine structure (NEXAFS) experiments
were conducted on the U7A NIST/Dow materials characterization
end-station at the National Synchrotron Light Source at Brookhaven
National Laboratory (BNL). The general NEXAFS principles and a
description of the beamline at BNL have been previously
reported.28−30 The X-ray beam was elliptically polarized with a
polarization factor of 0.85 and the electric field vector dominantly in
the plane of the storage ring. The photon flux was ∼1 × 1011 photons
per second at a typical storage ring current of 750 mA. A spherical
grating monochromator was used to obtain monochromatic soft X-
rays at an energy resolution of 0.2 eV. The C 1s NEXAFS spectra were
acquired for incident photon energies in the range of 270−320 eV.
The partial electron yield (PEY) signal was collected using a

Table 1. Peptoid Side Chains Used in This Study

Table 2. Peptoids Synthesized in This Study

name mol wt obsd mol wt purity (%)

PR-EG15 1880.1 1882.0 78
PR-EG14-NF 2004.1 2006.0 95
PR-EG12-NF3 2252.0 2254.4 96
PR-EG10-NF5 2500.0 2502.9 100
PR-EG8-NF7 2747.8 2751.0 94
PR-EG30 3607.1 3614.3 97
PR-EG29-NF 3731.0 3737.7 100
PR-EG27-NF3 3979.0 3986.0 96
PR-EG25-NF5 4226.9 4231.9 92
PR-EG44-NF 5458.0 5459.5 98
PR-EG42-NF3 5705.9 5707.8 94
PR-EG40-NF5 5953.8 5956.0 92
PR-EG21-NF3-EG6 3979.0 3985.9 99
PR-EG15-NF3-EG12 3979.0 3987.0 93
PR-EG9-NF3-EG18 3979.0 3984.3 96
PR-EG3-NF3-EG24 3979.0 3986.5 97
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channeltron electron multiplier with an adjustable entrance grid bias
(EGB), which was set to −150 V. The channeltron PEY detector was
positioned at an angle of 36° relative to the incoming X-ray beam in
the plane defined by the sample normal and the X-ray beam and at an
angle of 35° out of that plane. The incidence angle of the X-ray beam,
which was measured from the sample surface, was varied between 20°

and 120°. The PEY C 1s spectra were normalized by subtracting a
linear pre-edge baseline and setting the edge jump to unity at 320
eV.31 The photon energy was calibrated by adjusting the peak position
of the lowest π* phenyl resonance from polystyrene to 285.5 eV.32

Tapping mode atomic force microscopy (AFM) measurements
were conducted on a Digital Instruments MultiMode AFM equipped
with a Nanoscope IIIa controller. Silicon cantilevers (Nanosensors,
type PPP-NCL-50, force constant 21−98 N/m, resonance frequency
146−236 kHz) were used.

Contact angles were determined using a rame-́hart Model 290
standard automated goniometer equipped with an automated tilting
base. Static angles were determined from a 2 μL drop of Milli-Q water.
For dynamic measurements, the base was tilted from 0 to 90° with a
speed of 2°/s within seconds after depositing a 2 μL-sized drop on the
surface, while recording the advancing and receding contact angles.
Each static and dynamic measurement was repeated at least three
times at different locations on the surface.

■ RESULTS AND DISCUSSION
Peptoid Homopolymer Thermal Properties. Previous

studies have shown that the crystallinity of peptoids is tunable.
By inserting noncrystalline defects in a chain of crystalline
monomers, the melting temperature can be decreased in a
controlled fashion.17 Peptoids also have the ability to form
highly crystalline 2D nanostructures.19,33 However, peptoid

Table 3. Block Copolymers Synthesized in This Study

Figure 3. Typical GPC traces for fluorinated and unfluorinated
polymers.
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homopolymers with N-2-methoxyethyl side chains are not
crystalline and have a Tg below room temperature. As
crystalline heptafluorobutyl defects are incorporated into the
chain, this Tg increases in a similar fashion as decreasing the
melting temperature of a crystalline chain through the
incorporation of noncrystalline defects. Figure 4 shows the
DSC thermograms of a 16-mer peptoid containing an
increasing fraction of heptafluorobutyl side chains.

The Tg increases upon the addition of the fluorinated
monomers, but for more than three of such monomers,
fluorous interactions result in a melting transition. Seven
fluorinated monomers lead to a sharper melting transition of
higher enthalpy at higher temperature. It is likely that when five
fluorinated groups are incorporated into the peptoid chain,
there is no clear separation between the different types of
monomers, and the methoxyethyl units are included in the
poorly ordered crystalline structure. For seven fluorinated
groups, the crystalline structure is likely more ordered and
contains less of the methoxyethyl units.
When the number of fluorinated groups in the peptoid chain

is held constant at five but the number of methoxyethyl units is
increased to a total peptoid length of either 31 or 46
monomers, the peptoid exhibits a Tg at 35 °C (Figure 4a).
The Tg is barely visible for the 16-mer, likely due to the short
length of the noncrystalline block and a large fraction of the
methoxyethyl residues being incorporated into the poorly
ordered crystalline structure. The melting temperature of the
31-mer is slightly higher than that of the 16-mer, and the
enthalpy is also higher, indicating a more ordered crystalline
structure. While the melting temperature of the 46-mer is the
same as that of the 31-mer, the enthalpy is relatively low due to
the increased volume fraction of the noncrystalline monomers.
Interestingly, when the crystalline peptoids are coupled to

polystyrene, the melting temperature varies with peptoid
length, especially for the longest 45-mer peptoid block
copolymer the melting transition is significantly lowered. This
likely is a result of interactions between PS and the peptoid.
The explanation of this effect will require more extensive

research into the bulk properties of the system, which is beyond
the scope of this paper. For now, Figure 5b serves to indicate
that peptoids with five fluorinated groups remain crystalline
even when a PS block is attached.

Although the DSC results do not show the behavior of these
molecules in a liquid environment, they indicate that the
interaction between the fluorinated groups is strong, and this
interaction certainly influences the (surface reconstruction)
behavior of these molecules in water, as will be discussed below.

Peptoid NEXAFS. NEXAFS (Figure 6) has been used as
the main surface characterization tool in this research. By
varying the incidence angle of the polarized X-ray beam (θ),
information about bond orientation can be obtained, whereas
variation of the angle between the detector and the surface
normal (φ) results in different measurement depth. As a result
of the setup of beamline U7A at BNL, φ and θ are correlated as
φ = θ − 54. The probed surface depth at a given grid bias is
equal to d·cos φ. Therefore, at angles of θ and 180 − θ, e.g., 60
and 120, the orientational information is comparable, whereas
the probed surface depth differs. For the values of θ used in this
study, 30, 60, 90, and 120, the probed surface depths are 0.91,
0.99, 0.81, and 0.41·d, respectively. This means that angles of θ
< 90° mainly provide orientational information at roughly the

Figure 4. DSC of 16-mer peptoids containing one propargyl side chain
(gray circles, later used for click chemistry with azide-functionalized
polystyrene) and varying amounts of N-2-methoxyethyl (blue circles)
and heptafluorobutyl (yellow circles) side chains. See Table 4 for
numerical data.

Figure 5. DSC of (a) 16-mer, 31-mer, and 46-mer peptoids containing
one propargyl side chain (gray circles, later used for click chemistry
with azide-functionalized polystyrene), five heptafluorobutyl (yellow
circles) side chains, and 10, 25, or 40 methoxyethyl (blue circles) side
chains and (b) their block copolymers with PS. See Table 4 for
numerical data.
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same surface depth (within 20% error), whereas the technique
becomes increasingly surface sensitive for θ > 90°.
Figure 7 provides a NEXAFS spectrum for a θ angle of 60°

for a peptoid containing the fluorinated, methoxyethyl, and
propargyl side chains that were described above (Table 1). The
angle is close to the “magic angle” of 54° at which any net bond
orientation does not influence the spectrum.34 The C 1s
spectrum was fit using a series of (asymmetric) Gaussian peaks

for resonances corresponding to bound-state transitions and an
arctangent step function for the continuum step.34 Peak
assignment was based on the calibrated spectra of polystyrene
and other polymers.10,34 The propargyl group causes a minor C
1s→ π*CC transition at 285.5 eV. This is followed by a strong
C 1s → π*CO transition at 288.6 eV. Other characteristic
features are the σ*C−N, σ*C−F, and σ*C−C and σ*C−O transitions
at 290.0, 293.1, and 295.4 eV, respectively. The continuum step
occurs at 288.9 eV.

PS−Peptoid Block Copolymers. To probe the efficacy of
fluorinated monomers in influencing the surface presentation of
the peptoid block, a series of polystyrene−peptoid block
copolymers with various peptoid lengths and various amounts
of fluorinated monomers was synthesized. The molecular
weight of the polystyrene block was kept constant (Figure 2
and Table 3, entries 1−12). While such block copolymers can
readily self-assemble for appropriate volume fractions in the
bulk,26 we were solely interested in the surface properties of
these molecules.
The surface behavior of these molecules was probed with

NEXAFS, using a grid bias of −150 V. It is difficult to
determine the probing depth of the measurement because that
depth depends on the sample material; however, at the same
grid bias, Genzer et al. and Sohn et al. both determined the
escape depth of several fluorinated compounds to be less than 3
nm (2.43 and 1.95 nm, respectively).30,35

Figure 8 shows that increasing the number of fluorinated
groups in PS-b-peptoid block copolymers with a 30-mer
peptoid (not counting the propargyl monomer used for
clicking the peptoid to the azide-functionalized polystyrene)
results in increased surface segregation of the peptoid block.
When no fluorinated groups are present and the peptoid only
contains methoxyethyl side chains, the spectrum looks very
much like that of pure PS, indicating that PS segregates to the
top surface. As expected, the hydrophilic peptoid has a higher
surface free energy than PS. When only one fluorinated group
is present, the appearance of the spectrum changes slightly, and
a small shoulder near 288.6 eV emerges. This shoulder can be
attributed to the strongest transition in the peptoid, the 1s →
π*CO transition (see Figure 7). Furthermore, the π*CC
transition at 285.5 eV, which can solely be attributed to PS,
slightly decreases. These results indicate that a small percentage
of the peptoid is now present at or near the surface, but most of

Table 4. Tg, ΔCp, Tm, and ΔH Values for DSC Traces in
Figures 4 and 5

sample Tg (°C) ΔCp (J/(g °C)) Tm (°C) ΔH (J/g)

PR-EG15 9.09 0.37
PR-EG14-NF 22.72 0.40
PR-EG12-NF3 40.64 0.32
PR-EG10-NF5 121.20 21.76
PR-EG8-NF7 167.83 33.87
PR-EG25-NF5 30.87 0.26 124.06 17.22
PR-EG40-NF5 36.56 0.23 124.64 8.91
PS11k-b-(EG12-NF3) 94.36 0.20 125.06 1.32
PS11k-b-(EG25-NF5) 92.04 0.11 126.58 3.09
PS11k-b-(EG40-NF5) 85.50 0.15 112.18 2.53

Figure 6. (a) Typical NEXAFS setup at high θ values, resulting in
more surface sensitive measurements. (b) Typical setup at low θ to
probe to greater surface depths. (c) Angle-dependent surface
sensitivity. For higher φ, the probed surface depth, x, becomes
smaller at constant electron escape depth, d. (d) Illustration of the
effect of the X-ray beam orientation on bond sensitivity. For the black
line, the polarization of the beam is in line with most of the C−C σ
bonding orbitals, whereas for the gray line, the polarization is in line
with the C−F σ bonding orbitals. Note that π orbitals are directed
orthogonally to a bond, inversing the effects. (e) Illustration of the
difference between angles of θ and 180 − θ. Both have the same bond
orientation sensitivity, but probe different surface depths due to
different angles of the detector with the surface normal as depicted in
(c).

Figure 7. C 1s NEXAFS spectrum and least-squares curve fit of PR-
EG8-NF7 (χ

2 = 0.053).
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the surface still consists of PS. When three fluorinated groups
are present, the shape of the spectrum changes considerably,
and the typical triple peak structure between 293 and 298 eV
corresponding to the CnF2n+1 carbon−fluorine helix is now
clearly visible.36 Furthermore, the π*CC transition decreases
considerably. These results suggest substantial movement of the
fluorinated peptoid blocks to the surface due to a decreased
surface energy caused by the fluorinated groups. However,
adding more fluorinated groups does not further increase the
presence of the peptoid block at the surface, as illustrated by
the spectrum of PS-b-(EG25-NF5) (dark blue line). This
spectrum nearly overlaps with that of PS-b-(EG27-NF3), though
there is some difference in the signal corresponding to the 1s→
σ*C−F, σ*C−O, and σ*C−C transitions. Because of the higher
fraction of fluorinated groups, the σ*C−F peak increases, but the
π*CC peak does not change. This indicates that an identical
amount of PS is at the surface and that surface presentation of
the peptoid maximizes for three fluorinated groups in the chain.
For a more grazing incidence angle of the X-ray beam, the
NEXAFS technique is even more surface sensitive. A decreased

π*CC peak at this angle, as well as the increased signals above
288 eV, corroborate the assumption of preferential surface
segregation of the peptoid (Figure 9a).
Block copolymers of PS with a longer 45-mer peptoid

(Figure 9b) exhibit similar NEXAFS behavior. However, the
π*CO shoulder for PS-b-(EG44-NF) is absent, indicating
substantially less peptoid occupation of the surface when only
one fluorinated group is incorporated in the chain. It is likely
this behavior is due to a smaller volume fraction of fluorinated
monomer compared to the hydrophilic residues of the peptoid
(1 out of 45); the amount of fluorinated monomer present
might not be enough to promote more of the peptoid to the
surface. The 15-mer peptoid block copolymers exhibit roughly
the same behavior, although changes in the spectra are more
difficult to observe (Figure 9c). This difficulty might be
explained by the low fraction of total peptoid to PS, which
decreases the overall peptoid NEXAFS signal.
For all peptoid−PS block copolymers, the surface

presentation of peptoid maximizes when the peptoid contains
three fluorinated groups. The difference between all spectra is
the height of the π*CC peak that corresponds to PS. The area
of this peak decreases as the peptoid length increases, indicating
a higher amount of peptoid populating the surface for a longer
peptoid block. Figure 10 schematically depicts the surface
presentation behavior.
The surface schematic depicts sharp boundaries between the

peptoid phase and the PS. In reality, the boundaries between
the different surface layers are less well-defined due to mixing of
both blocks and chain conformation constraints. All peptoid
blocks are relatively short compared to the PS block, and
complete surface segregation of the peptoid would require
considerable unfavorable stretching of the PS block. In fact, we
can estimate the extent of phase mixing at the surface. We can
integrate the π*CC peak to measure the amount of PS that is
detected at a certain angle θ, and define a relative degree of
mixing A:

=A
d y

d y
120 60

60 120

Figure 8. C 1s NEXAFS spectra of block copolymers of PS with 30-
mer peptoids with various numbers of fluorinated groups (θ = 60° for
all spectra).

Figure 9. C 1s NEXAFS spectra of (a) PS-b-(EG27-NF3) at different θ. At a higher θ, where the technique is more surface sensitive, the π*CC peak
at 285.5 eV is smaller, indicating less PS and more peptoid in close proximity to the surface. (b) Block copolymers of PS with 45-mer peptoids with
various numbers of fluorinated groups (θ = 60° for all spectra). (c) Block copolymers of PS with 15-mer peptoids with various numbers of
fluorinated groups (θ = 60° for all spectra).
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where dθ is the fraction of surface depth that is probed (0.41 for
θ = 120° and 0.99 for θ = 60°) and yθ is the area of the π*CC
peak. A < 1 indicates incomplete coverage of PS by the peptoid.
A > 1 indicates that complete coverage of the surface by a layer
of peptoid (such as depicted in Figure 10) may exist, although
this requires the assumption of invariance of density in the z-
direction of the film, which may not be the case. For the 15-
mer, 30-mer, and 45-mer block copolymers with five
fluorinated groups, A values are 0.54, 0.89, and 1.26,
respectively. These A values indicate that quite a lot of PS
displays at the surface and that only a 45-mer peptoid block
could potentially cover the entire surface.
Influence of Sequence. Peptoid sequence can also be used

to influence the composition of the surface. In order to
investigate the effect of sequence, a different series of PS-b-
peptoid block copolymers were synthesized (Table 3, entries
13−17). The molecular weight of the PS was ∼13.7K, and the
peptoid was a 30-mer in which the position of the three
fluorinated groups was systematically altered. As there is an
entropic driving force for surface segregation of end-groups, it
is not surprising that the lowest amount of surface segregated
PS (lowest π*CC) is detected for the end-fluorinated peptoid.
Moving the fluorinated groups slightly closer to the PS block
causes a big effect in the chain conformation because now loops
must display at the surface, thereby decreasing the thickness of
the peptoid layer (see inset in Figure 11). The effect plateaus
for sequences in which the fluorinated groups are even closer to
the PS, although arguably more surface phase mixing occurs in
this situation because the fluorinated groups that are positioned
closer to PS drag both the peptoid as well as PS to the surface.
Surface Orientation. Information on the net orientation of

all molecules at roughly equal surface depth can be obtained by
comparing the signals acquired at lower values of θ. For all
block copolymers used in this study with three or less
fluorinated monomers, the NEXAFS signals at θ = 30° and θ
= 60° overlap, indicating no specific bond orientation. Figure
12 shows the NEXAFS spectrum of PS-b-(EG40-NF5) as an
example of the behavior of the peptoids containing five
fluorinated monomers. At an incidence angle of 60° (less
grazing), the π*CO peak and the σ*C−C peak slightly decrease,
whereas the intensities of the σ*C−N and σ*C−F peaks increase.
The peptoid molecules possess C−C bonds in orthogonal
directions, but most of them are located in the side chains as
opposed to the backbone. The sets of bonds with decreasing
intensities are thus positioned orthogonally to the sets of bonds
with increasing intensities in the molecule, and the results
indicate that the peptoids are somewhat oriented with their
backbone perpendicular to the surface. Results at 90° further
corroborate these findings, although a significant change in the

surface sensitivity of the technique at this angle also results in a
decreased PS-correlated π*CC peak. Therefore, both orienta-
tional and depth-dependent information are convoluted. The
observed orientation is most likely a result of the crystallinity of
the fluorinated part of the peptoid, which only occurs for

Figure 10. Schematic representation of PS-b-peptoid surface structures (the purple layers represent the bulk of the material). When the peptoid
contains no fluorinated monomers, PS surface segregates. For one fluorinated monomer, some of the peptoid migrates to the surface; the amount
depends on peptoid length. For three and five fluorinated monomers, there is a maximal expression of peptoid at the surface. The surface schematic
depicts sharp boundaries between the peptoid phase and the PS. In reality, phase boundaries are blurred due to mixing of the PS with the peptoid;
PS chains may even protrude through the top peptoid layer.

Figure 11. C 1s NEXAFS spectra of block copolymers of 13.7K PS
with 30-mer peptoids containing three fluorinated monomers in
various sequences. The inset demonstrates the effect of surface loop
formation on the peptoid layer thickness in the case of clear phase
boundaries. In reality, phase boundaries blur to the point where a small
fraction of PS chains protrude at the surface.

Figure 12. C 1s NEXAFS spectrum of PS-b-(EG40-NF5) at various θ.
Arrows indicate the decreases/increases in peak height between θ =
30° and θ = 60° and to a lesser extent θ = 90°.
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groups of five fluorinated monomers and may explain the lack
of orientation in samples with less fluorinated groups.
Wet Behavior: Static Contact Angles. Contact angle

measurements provide further information about the properties
of the surfaces. Figure 13 shows the static contact angles for the

end-fluorinated peptoid series (Table 3, entries 1−12). It
should be noted that all surfaces except PS-b-(EG8-NF7)
exhibited a low root mean square (rms) roughness as measured
with AFM (<0.5 nm). The most highly fluorinated surface was
clearly rougher (∼2 nm).
When the peptoids contain no fluorinated monomers, the

surfaces basically consist of PS, and the contact angles of ∼90°
reflect that of pure PS surfaces. When one fluorinated
monomer is present, a decrease in the contact angle indicates
a change in surface composition (more peptoid at the surface)
for all block copolymers. As seen with NEXAFS, this change
depends on peptoid length. It is especially interesting to note
that even though NEXAFS measurements of the 15-mer block
copolymer did not clearly indicate the peptoid at the surface,
the drop in contact angle does indicate a change in surface
chemistry.
For three fluorinated monomers, the contact angle for the

30- and 45-mer block copolymers drops by ∼20°, indicating a
significant change in surface chemistry, whereas for five
fluorinated monomers, the contact angle increases again to
that of PS. Because NEXAFS measurements indicate the same
change in surface chemistry for samples with both three and
five fluorinated monomers, it is likely that surface reconstruc-
tion occurs. In the case of three fluorinated monomers, surface
reconstruction is fast and the contact angle mostly reflects the
more hydrophilic part of the peptoid, as the fluorinated
monomers likely bend away from the surface. This hypothesis is
supported by the fact that the contact angles for 30- and 45-mer
block copolymer samples with three fluorinated groups visually
changed from a relatively round drop to the final contact angle
value within seconds of depositing the drop on the surface. For
five fluorinated monomers, interactions between the fluorinated
chains may be strong enough to prevent rapid reconstruction,
and in addition, no visual reconstruction seemed to occur. This
reasoning also explains the significantly higher contact angles of
the 15-mer block copolymers with higher fluorine content. In
these polymers, the fraction of hydrophilic peptoid is so low
that no significant reconstruction can occur.

Remeasuring the contact angle of the samples with five
fluorinated groups after 24 h of immersion in water results in
decreased contact angle values (samples were dried for 30 s in a
stream of N2 within 5 min before remeasurement), indicating
that the surfaces reconstruct on a longer time scale. It is
possible that surfaces could reconstruct back to some extent in
the small amount of time that they were exposed to air, but the
differences between the samples before and after immersion
give an indication of the behavior of the surfaces in water. It
seems that the ability of the polymers to reconstruct depends
on peptoid length: longer peptoids can reconstruct more
readily to display the hydrophilic part of the peptoid.
Remeasurement of the contact angle of other samples after
water immersion resulted in roughly the same contact angles,
indicating no or only slight reconstruction of these samples
after exposure to water. Figure 14 schematically depicts the

observed effects. The proposed structures after rearrangement
are supported by NEXAFS measurements of the block
copolymers after immersion in water (not shown), in which a
larger π*CC peak indicated more PS (less peptoid) in the
proximity of the surface.

Wet Behavior: Dynamic Contact Angles. All block
copolymer surfaces exhibited a ∼10° contact hysteresis in
dynamic contact angle measurements, and especially the
reconstruction of PS-b-(EG40-NF5) was clearly evident from
the measurement results. Dynamic contact angles were
measured using the method described in the Experimental
Section. In almost all cases, the 2 μL drop displayed identical
behavior to that recorded in Figure 15a,b. Upon an increase of
the tilting angle, the advancing contact angle initially increases
before reaching a maximum, after which it slightly decreases
again. The receding angle steadily decreases until it reaches its
final value at a tilt of 90°. During tilting, both the advancing and
receding contact line are pinned to the surface, and the
accompanying angles respectively increase and decrease up to

Figure 13. Static contact angles of PS11K-b-peptoid block copolymers.
Open symbols represent values taken after 24 h of immersion in water.

Figure 14. Schematic representation of surface reconstruction in PS-b-
peptoid thin films. (a) For noncrystalline samples, reorganization upon
contact with water is fast. (b) Reorganization for crystalline structures
is slower. Note the difference in peptoid layer thickness for the
reconstructed surfaces. Again, phase mixing is not depicted here.
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the point where the drop starts to move down the surface due
to gravity. Because of the amphiphilicity of the surfaces, the
receding part of the droplet stays pinned while the front end is
already moving, causing the drop to elongate. This elongation
results in a higher force pinning the drop to the surface, and
because of the low volume of the drop, its movement slows
down before it comes to a complete halt. One would expect
both the advancing and receding angles to then remain
constant; however, evaporation of the small drop likely leads to
a decrease in both angles from this point onward. Careful
modeling and experiments with different drop sizes and tilting
speeds to unravel the effect of gravity, evaporation, and contact
angle hysteresis could determine the exact points along the
graph at which the different events take place, but for
characterization of the surface, the contact angle hysteresis is
the most important. This hysteresis remains constant after the
maximum of the advancing contact angle (both angles decrease
with approximately the same rate after this maximum, 65° tilt
and onward in Figure 15a,b). For all samples, the advancing
angle lay within 3° above the static contact angle, and the
hysteresis was 10 ± 2°.
The dynamic contact angle of PS-b-(EG40-NF5) behaves

differently from all others, although the contact angle hysteresis
at the end of the measurement is similar (9°) and the slope of
the advancing angle graph also contains an inflection point
(Figure 15c). The contact angle for this sample steadily
decreases from the start of the measurement, and the decrease
of the receding contact angle has a steeper slope. Both are signs
that reconstruction of this surface is taking place during the
measurement. We hypothesize that molecules at the advancing
contact line are reorganizing to display the more hydrophilic
part of the peptoid as the stage is tilted, resulting in no obvious
increase in contact angle even though gravity is pulling the drop
downward. Apparently, reorganization of these surfaces occurs
on the time scale of the measurement, whereas reorganization
of surfaces with five fluorinated groups and shorter hydrophilic
sequences is slower due to less conformational freedom of the
chains. Future experiments with varying drop sizes and tilt
speeds can further elucidate this effect.

■ CONCLUSION

We demonstrated tunable surface properties using sequence-
specific polypeptoids by systematically tuning the amount and
sequence of hydrophobic monomers in a predominantly
hydrophilic peptoid chain in PS-b-peptoid block copolymers.
Three fluorinated groups in peptoid sequences of up to 45

hydrophilic monomers were needed to lower the surface energy
of the peptoid enough for maximal surface segregation of the
peptoid to occur. The amount of peptoid displayed at the
surface was controlled by changing either the total length of the
peptoid or the position of the fluorinated monomers within the
peptoid. The latter method controls the thickness of the
peptoid surface layer by changing chain conformation and
creating loops at the surface.
Although peptoid presentation at the surface reached a

maximum for three fluorinated groups, the wetting behavior of
those peptoids and peptoids containing five fluorinated
monomers was strikingly different. Surface reconstruction of
peptoid chains that contain a sequence of only three fluorinated
monomers and up to 42 hydrophilic monomers occurred
within seconds, whereas reorganization of surfaces containing
five fluorinated monomers was an order of magnitude slower.
This effect is likely caused by stronger interactions between the
fluorinated groups. In the case of the longest peptoid block,
dynamic contact angle measurements using an automated
tilting base were able to capture the surface reorganization of
the peptoid in real time.
Overall, polypeptoids were shown to be a versatile platform

for studying sequence dependent surface properties of block
copolymers, which can be important for elucidating surface
reconstruction effects in e.g. antifouling coatings. Although
most effects demonstrated in this paper were easily explained
by simple qualitative arguments, this study demonstrates the
potential of polypeptoids to play an important role as model
systems in future studies where exact control over polymer
sequence and length is important. Sequence-specific polymers
play a key role in nature, and by analogy, it is to be expected
that synthetic sequence-specific polymers will play an important
role in applied materials science as well.
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